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Abstract
The objective of this study is to investigate the structures and mechanical properties
of mouse eyes in correspondence with their functions. Moreover, my work places par-
ticular emphasis on the retina as it is associated with several diseases. To measure the
mechanical properties of retinal tissue, eye samples of mice are taken and analyzed
utilizing Force Spectroscopy to determine the Young’s modulus. Force mapping of
the sample is done by nanoindentation (force curves), and Atomic Force Microscopy
(AFM) is used to image the topography of our sample. AFM and force mapping
provide key information on the nanoscale mechanical properties and structure of nor-
mal tissue. This fine level of detail provides insight on a length scale relevant to an
individual cell.
Our results also provide a baseline structure to enable the identification of me-
chanical indicators for disease. Most of the diseases that affect the eyes, including
glaucoma and macular degenerations involve structural changes in the eyes, for ex-
ample, affecting the photoreceptor or degeneration of layers thus causing eye damage.
Damage on the nanoscale is not obvious given that research in that area is still under-
developed. Therefore, the use of nanomechanical mapping has proved to be very useful
because of providing in-depth knowledge regarding the characteristic microstructure
and mechanical features of the normal eye.
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Chapter 1
Introduction to atomic force
microscopy, force spectroscopy, and
the eye
1.1 Atomic force microscopy
The early 1980s marked the introduction of Scanning Probe Microscopy (SPM). This
was as a result of Rohrer and Binning revolutionizing microscopy through the inno-
vation of the Scanning Tunneling Microscope (STM). The STM initialized this vast
and growing type of probe microscopy. It scans surfaces using a sharp probe to sense
its structure. It also measures the existing relationship between the probe and the
surface. Binning and his colleagues later (1986) introduced Atomic Force Microscopy
(AFM), [1] the second SPM type, which was also referred to as scanning force mi-
croscopy. AFM is seen as the most versatile of scanning probe microscopes [2]. AFM
is a powerful tool, which provides three dimensional information (see Figure 1.1) and
high resolution images for the exploration of baseline structures [3, 4]. AFM can run
1
2in almost any environment including aqueous media, which makes it possible to image
biological samples under near-physiological conditions [5–7]. Moreover, the mechani-
cal properties of soft and non-homogeneous materials, such as biological samples, can
be detected.
Figure 1.1: 3D-topographic image of retinal layer taken by AFM.
Mechanical motion is among the most significant components of the AFM process.
An illustration of a typical AFM investigational configuration is depicted in Figure
1.2. Essentially, the tip has a radius varying from 10 to 50 nm which is located on a
cantilever comprised of Si and coated using a reflective covering to accurately detect
the movements made by the cantilever [8]. While the cantilever bends with reaction to
the surface (as in Equation 1.1 discussed later), the laser beam focused on the back of
the cantilever is subjected at varied angles. The photodiode sensor is used to measure
such a laser beam in order to estimate its deflection. A typical photodiode applied
in AFM experimentations has been illustrated in Figure 1.3. Furthermore, Equation
1.2 (discussed later) expresses the laser beam’s deflection intensity. The laser beam’s
deflection in the current case involves cantilever displacement.
The basic scanning approach involves having the sample raster-scanned engaging
3Figure 1.2: Block diagram of an Atomic Force Microscope (AFM). Reproduced under
Public Domain from Wikimedia Commons
piezoelectric actuators beneath the sample and within the xy (sample) plane. This
movement along the x and y axes is controlled by a piezoelectric actuator with precise
control at the length scales measured during a typical AFM experiment [9]. Up and
down deflection is felt by the cantilever for the purposes of handling the sample
topography. With its operation resembling that of a linear spring, the cantilever
engages Hooke’s law in determining the force, hence
F = −kx (1.1)
with k denoting the spring constant of the cantilever, while x denotes the deflection
in the surface normal direction [8, 10].
In addition, the reflection of the laser beam is mirrored onto the photodiode de-
tector, as depicted in Figure 1.3. While the tip is scanning the surface some bending
of the flexible cantilever is seen in reaction to several repulsive or attractive surface
interactions. For such a case, the laser beam’s deflection can be used to determine the
cantilever’s deflection [2,12]. The deflection signal (DFL) denotes the total deflection
4Figure 1.3: Schematic of the photodiode detector. Reproduced with permission from
NT-MDT. [11]
intensity while that of detector laser beam for every quadrant is denoted by A, B,C,
and D.
DFL = (A+B)− (C +D) (1.2)
From the DFL, it can be determined whether the cantilever is close to the sample or
far from the sample. The feedback loop’s sensitivity is set by the user in a criterion
that enables the z (surface normal) axis controller to accurately maintain the tip
sample’s height through tip repositioning.
This overall configuration depicts the basis of AFM investigations with unique
modifications being added for further specialized approaches. The interaction forces
for all AFM modes are either repulsive or attractive depending on the mode of scan-
ning. These are shown in a force–displacement curve in Figure 1.4. As the distance
between the AFM tip and sample decreases, weak attractive forces are generated be-
tween tip and sample. As the tip and sample are steadily brought nearer to each
other, the attractive forces increase until the atoms become so near that the electron
clouds start to repulse each other electrostatically [13].
The AFM can operate in several modes. A further explanation of contact and
tapping modes will be given later in this chapter; they are the only modes that were
5utilized in this research.
Figure 1.4: Interatomic force difference versus distance (tip-sample separation). [13]
1.1.1 Contact mode in air
Contact mode or repulsive mode is the simplest and oldest AFM mode, and it is
appropriate for imaging flat and smooth surfaces [4]. Although our samples for this
study were rough and soft, most of the eye images were obtained through contact
mode without difficulty. In this mode, the AFM tip is at all times in direct contact
with the sample surface. The space between the tip of the probe and the sample
surface is of smaller amount than a small number of angstroms (Å). Therefore, the
interaction force between the tip and the sample is repulsive in nature. Figure 1.4
shows that the gradient of the curve in the corresponding regime is rather sharp.
Thus, the repulsive van der Waals forces constrain all other attractive forces that can
be disposed to act [13].
While performing the mapping procedure, there are two possible ways of scanning
the sample surface. The surface of the sample can be scanned through contact where
scanning of the surface typically involves a constant force or a constant tip height [10].
6Surface scanning occurs when the cantilever deflects up and down to accommodate
topography under the probe while the feedback loops remain at the same cantilever
deflection defined by the user (i.e. imaging force) and at the same time ensures
that there is a vertical movement of the tip (in our case) or the sample (for other
instruments) using the z-piezoelectric actuator [13]. This change in the cantilever
deflection can be monitored by the detector, and the force can be calculated through
Hooke’s law as Equation 1.1 indicates. The movement of the piezo at each pixel
location results in the generation of a high-quality image of the surface (see Figure
1.5 illustrating a height profile of the neurones). While the equipment is in constant
height mode, the feedback system is usually switched off to allow the z-height to
remain constant during the x-y scanning. At this time, the photodetector values are
converted into z values [10,14].
Figure 1.5: Height profile of the neurones taken by AFM contact mode
This method of scanning used is considered appropriate for both wet and dry
imaging because it can produce even atomic resolution, but the problem is that it
touches the surface. Therefore, contact mode may cause damage to both the sample
7and the probe, as is mentioned above. Another problem associated with this mode is
the development of lateral forces as the probe moves across the surface [10,12].
1.1.2 Tapping mode in air
Tapping mode was invented in 1987, and it is an AFM mode which is often used for
rough surfaces to reduce specimen damage [4]. The atomic force microscopy tapping
mode is a dynamic mode, which involves amplitude modulation for imaging the to-
pography of the sample [15]. This mode oscillates the probe at a certain frequency,
which ensures that the sample is touched only at its far end during the probe’s down-
ward movement. The oscillation amplitude reduction becomes the outcome control
signal that facilitates surface topography measurements [16, 17].
The cantilever-edge movement is associated with elastic responses, hydrodynamic
damping with the medium, tip-sample interactions, and excitation force. Thereby,
the nonlinear, second-order differentiation equation is as indicated:
m
dz2
d2t
= −kcz − mω0
Q
+ Ft,s + F0 cosωt (1.3)
where f0 is the amplitude of the driving force, and ω is the angular frequency of the
driving force. Q, ω0, and kc are the quality factor, angular resonance frequency, and
spring constant of the cantilever respectively; Ft,s denotes the tip-sample interaction.
The tip-sample geometry is shaped as a sphere (tip) and flat (sample), which has
been shown to be a reasonable assumption. The tip-sample interaction derives from
attractive and repulsive forces as shown in the following equation:
Ft,s(z0, z) = − AR6(zc + z)2 (1.4)
8where A is the Hamaker constant and R is the tip radius. Beside that, the tip-sample
distance d is calculated as the sum of the tip-sample rest distance (zc), and the tip
position z(d = zc + z). The z coordinate is the tip’s rest position as illustrated in
Figure 1.6 [15].
Figure 1.6: Schematic of the tip-sample interaction. The tip-sample distance (d) is
the sum of the rest tip-sample separation (zc) and the z coordinate, where z as defined
is a negative number. [15]
Tapping mode provides numerous advantages for imaging biological samples, in-
cluding the reduction of lateral forces as the probe is in a contact for a small frac-
tion during its tapping movements. Therefore, higher lateral resolution can be ob-
tained [10].
1.1.3 Tapping mode under fluid
Imaging a sample with AFM in liquid can be a challenge. However, it provides signif-
icant advantages in biological systems [18]. These advantages include the elimination
of capillary forces, the reduction of friction forces, and the limitation of damage to
the sample as the sample surface gets softer by adding fluid [19, 20]. Using contact
mode to image under fluid often causes damage or deformation of the sample, and to
overcome any problems that contact mode may cause, tapping mode is utilized [7].
9There exists a noteworthy difference between operating AFM tapping mode in
fluid and that in air. The main variance between tapping mode in air and in fluids is
seen in the quality factor (Q) of the girder (cantilever). In air, the Q-factor is usually
between 200–400, while in fluids it is 1–5 [20]. This is mostly because of the amplified
hydrodynamic damping in fluids compared to air [21]. Therefore, the hydrodynamic
loading effects are taken into account when tapping mode is used in fluid. Sader in
1998 argued that the overall force working on the cantilever fˆ operational in liquid
can be separated into two components as seen below:
fˆ = fˆh + fˆd (1.5)
where fˆh is the hydrodynamic loading, and fˆd is the driving force. By analysing the
general form of fˆh and examining the Fourier transformed equations of motion for the
fluid, the evident form of fˆh is as follows:
fˆh =
pi
4ρliqω
2b2Γζˆ (1.6)
where ρliq is the density of the fluid, b is the dominant length scale in the hydrodynamic
flow which is the cantilever width for a rectangular beam, Γ is hydrodynamic function,
and ζˆ is the displacement [22,23].
The second cause of the reduction in the Q-factor is through the large increase in
frequency noise. Thus, the viscous damping of the cantilever oscillation in fluid at a
resonance frequency is described as following:
ρS
∂2ζ(x, t)
∂t2
+ EI ∂
4ζ(x, t)
∂t4
= fh(x, t) + fd(x, t) + fts(Zc − w(L, t)) (1.7)
where ρ is the density, S is the cross section, E is the Young’s modulus, and I is the
10
moment of inertia of the beam. The fh and fd terms are forces acting on the cantilever
as it is described in Equation 1.5 [23], zc is the sum of the tip-sample rest distance in
Figure 1.4, and fts is the tip-sample force, which is discussed in the equation below
1.8 and 1.9.
Besides the Q-factor that causes the difference between operating tapping mode
in fluid and in air, the tip-sample interaction forces (fts) also play a role in this
difference. Before contact, the tip-sample interaction forces (fts) are described by the
Derjaguin-Landau-Verwey-Overbeek (DLVO) theory for the fts of a spherical tip and
a flat elastic surface as follows:
fts(d) = FDLV O(d) =
4piRt
oKd
σtσse
−Kdt − ARt6d2 (1.8)
where Rt is the the tip radius,  the dielectric constant of the medium, o the permit-
tivity of free space, Kd the Debye length, σt and σs the surface charge density of the tip
and sample, A the Hamaker constant between the tip and the sample material, and
d is the instantaneous tip-sample separation. After contact, tip-sample interaction
forces (fts) are described by Derjaguin-Muller-Toporov (DMT) contact mechanics for
the same case as given:
fts(d) = FDMT (d) =
4E ′
√
Rt
3 (ao − d)
3
2 + FDLV O(ao) (1.9)
where E is the effective Young’s modulus of the tip and the sample material, and (ao)
is the intermolecular distance [21].
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1.2 Force Spectroscopy
Apart from imaging, force spectroscopy is noted as a significant application of atomic
force microscopy, which adapts the atomic force microscopy from high resolution
imaging to a measuring tool [17,24]. Rather than scanning the probes in y and x di-
rections, the force curve is facilitated by observing the cantilever deflections because of
the vertical displacements of the specimen or tip [17]. The force curve does not only
facilitate information about the van der Waals forces [25] and adhesion forces [26]
but also provides complex information about the plasticity and elasticity of the of
the substance. As such, one can map mechanical information by interaction force
measurements using atomic resolution [27]. Figure 1.7 illustrates a force curve ob-
tained from an indentation experiment involving the eye specimen, demonstrating the
approach and retract phases.
The vertical axis in a force curve plot presents cantilever deflections, which provide
interaction force measurements as a function of tip-sample separation presented along
the horizontal axis [28,29]. At the initial stages of the approach phase, the tip is kept
off the surface of the sample. Therefore, no interaction between the sample and the
tip is observed. When the tip approaches the sample surface, the minimal range
interactions between the two can be measured, and the force of attraction makes the
tip jump and come into contact (jump-to-contact distances are significant parameters
for calculations) [24]. The tip penetrates the sample surface until it comes to the
desired point, which serves as a trigger point, which is defined before commencing the
experiment (I use 5.0 nN for minimal sample damage).
Afterwards, the tip gradually starts pulling away from the sample. However,
because of the adhesion between the sample and the tip, the tip does not immediately
pull back from the sample, the force used becomes stronger than the adhesion energy,
and the cantilever tip jumps off-contact, which is another significant parameter.
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Figure 1.7: Typical force curve showing both the approach (red line) and the retract
(blue line) phases.
Through analysing the approach line of the force curve, the mechanical proper-
ties such as stiffness of the sample (and therefore Young’s modulus) can be obtained.
Moreover, the area between the negative part of the withdrawal curve and the hori-
zontal axis can provide information about the work of adhesion.
Young’s modulus E, which is sometimes referred to as the elastic modulus of a
material, is an important numerical characteristic of materials. It is the ratio of
stress in pascals (force per unit area) over strain (proportional deformation), which is
dimensionless, as is indicated in the equation below [30,31]:
E = stress
strain
(1.10)
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This numerical value is critical for observing changes in cells during cell division
or on adding drugs to the cells [32]. It is also important to be known for designing
artificial tissues to match those of the native tissue [33]. The Young’s modulus can be
calculated from the slope of the withdrawal part of the force curve, as is mentioned
above, by fitting one of the appropriate contact mechanics models [10]. These models
can be classified into two forms: nonadhesive methods and adhesive methods.
1.2.1 Analysis models
1.2.1.1 The Hertz model
The Hertz model is the most used model compared to other models used for contact
mechanics [34]. This model established the relationship between the size and shape
of the bodies of contact derived from the elastic deformation of these bodies [35, 36].
Typically, when a spherical probe indenting a spherical specimen, the force depth can
be determined for a small deformation by the Hertz model equation as follows:
F = 4E
∗δ
3
2
√
R
3 (1.11)
Hertz, in 1882, raised the importance of relating the radius of the circle of contact
a to the load (F ), the spherical indenter radius (R), and the elastic properties of the
contacting material (see Figure 1.8) by:
a3 = FR
E∗
(1.12)
where E∗ is the effective Young’s modulus of the indenter tip and the sample described
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Figure 1.8: Schematics of the contact area between two spheres where the two spher-
ical indenters are described by a radius R1 and R2, and the radius of the circle of
contact is described by a. δ1 and δ2 are sphere 1 and 2 displacements [37].
by:
1
E∗
= 43
(
1− ν21
E1
+ 1− ν
2
2
E2
)
(1.13)
where E and ν are the Young’s modulus and the Poisson’s ratio of the material,
respectively, and as the contacting bodies are spheres with radii R1 and R2 then R is
the tip curvature radius presented as [35,38]:
R = R1R2(
R1 +R2
) (1.14)
The Young’s modulus of the force-distance curve can be calculated through the re-
duction equation of the Hertz model for spherical probe indenting soft specimen as
given below:
F = 4Eδ
3
2
√
R
3(1− ν2) (1.15)
where δ is the measured indentation (in meters) [35].
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The Hertz model is suitable for only homogeneous, isotropic, and linear elastic
materials that show no attractive surface forces (adhesion) [39] as it is shown in Figure
1.9. These restrictions limit the utility of the Hertz model. Therefore, other models
have been developed to overcome these restrictions to be suitable for more specific
conditions [40]. For example, force curves obtained in air show a strong adhesion
force as the tip pulls back from the sample during the retract phase as is indicated in
Figure 1.7.
Figure 1.9: Force-distance curve.
1.2.1.2 The JKR model
The short-range adhesive force in Hertzian contact was added by Johnson, Kendall,
and Roberts in the 1990s which leads to the power of the JKR theory [35]. This model
considers the adhesion force between two spheres in the contact area, so the contact
between them is shown in Figure 1.10. Thus, the JKR model correlates the adhesion
force (F ) with the work of adhesion ∆γ through the following equation:
16
Figure 1.10: The JKR model includes a short range of adhesion in the contact area
between two spheres resulting in larger contact radius a than the one determined from
the Hertz model (a0) [37].
F = 32pi∆γR (1.16)
where R is the tip radius and the work of adhesion is given by:
∆γ = γ1 + γ2 − γ12 (1.17)
The surface energy of the materials of spheres 1 and 2 are γ1 and γ2, respectively, and
γ12 is the interfacial energy [35, 38, 41]. Also, the contact radius at zero load a0 was
concluded to be the following:
a0 =
(
6pi∆γR2
K
) 1
3
(1.18)
1.2.1.3 Minimal indentation model
The JKR equation was adapted by Dr. Chuan Xu, who was a PhD student in Dr.
Merschrod’s group at Memorial University of Newfoundland, to be suitable for calcu-
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lating the Young’s modulus of soft materials at a minimum indentation depth. The
minimum depth depends on the material properties, which should be less than 10
nm [37]. Many advantages can be considered for using this method for soft materi-
als including biological samples. This method is less destructive to the sample when
the integrity of the sample is important in the study [42]. It also can minimize the
viscoelastic response of the material [43].
Under these considerations, the Young’s modulus of the materials that is calculated
through the minimum indentation JKR depends on two important parameters. These
two parameters were discussed in the force spectroscopy section (1.2), which are the
jump to contact and jump off contact of the sample surface. Both of these parameters
can be extracted from the force curve in order to obtain the Young’s modulus of
the material easily. Thus, the final expression of the minimum indentation JKR to
calculate the Young’s modulus was presented as the following:
Es =
5
2 | Fp | R
1
2 (1− ν2s )
4d− 2(AR24k
) 1
3
 32 (1.19)
where Fp is the jump-off contact force (jump-off contact ×k spring constant), R is the
indenter diameter (which depends on the tips that are used), νs is Poisson’s ratio for
the material, ∆d is the jump-to-contact distance, and A is a constant which is equal
to 0.165 nm [37].
1.3 The eye
The eye is lauded as an important organ that facilitates visual sensitivity in many
organisms [44]. The major function of the eye is conversion of light into nerve signals
and then sending the signals to the brain through the optic nerve. The structure of
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the eye is shown in Figure 1.11.
Figure 1.11: The basic structure of the eye, labeling its main features. Reproduced
under Public Domain from Wikimedia Commons
The eye is an embryologic extension of the nerve system, and shares various com-
mon physiological and anatomical features of the cognitive system. The eye and the
brain enjoy the protection of the skull walls, and both possess coverings composed
of fibrous materials. Like cognitive system, the eye has a double blood circulatory
system that serve the critical nervous layers in the retina [45]. Eyes primarily consist
of triple layers, triple compartments, and triple fluid layers. The triple compartments
consist of the external fibrous layer, the vascular middle layer, and the nervous inner
layer. The fibrous layer is composed of the sclera lamina crib Rosa, and cornea. The
second vascular layer is composed of the choroid, ciliary body, and iris. The third
nervous layer is composed of the retinal photoreceptors, and pigment epithelium of
the retina. The retinas facilitate the eye focus. Additionally, the three layers are the
back and front compartments, and the vitreous compartment. The triple fluids in-
clude blood, vitreous humour, and aqueous humour. Notably, compartments, layers,
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and fluids facilitate significant roles in the visual process.
1.3.1 The retina
The retina is a light-sensitive layer which lines the inner surface of the eye [46]. It
is involved in the central nervous system, and is exposed regularly to various kinds
of mechanical stress. The retina is known as “the photographic film” of the eye as
this layer converts light to nerve signals, transmitting them to the brain [47]. The
retinal tissue mainly consists of three layers, which are the inner retinal neurons,
photoreceptors, and pigment epithelium cells (PE) as demonstrated in Figure 1.12,
which was taken by Dr. Robert Gendron who provided us with eye samples from the
Faculty of Medicine at Memorial University.
Figure 1.12: Optical microscopic image of retinal tissue illustrating the four main
layers: the inner retinal neuron layers (ganglion and bipolar cells), photoreceptor cells,
and the retinal pigment epithelium. The ideal AFM trajectory that was followed in
imaging and measuring the mechanical properties of retinal tissue are shown by the
arrow. Taken by Dr. Robert Gendron.
The inner retinal neuron layers consist of definite neuronal cell types, including
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bipolar, horizontal, amacrine, and ganglion cells. The inner neurons are similar to
brain neurons featuring typical neuronal morphology and functions. Both ganglion
and bipolar cells mainly function in signal transformation to the brain, whereas hori-
zontal and amacrine cells function in integration and modulation signals. The bipolar
cell also forms the prime link between the ganglion cells and the photoreceptors [48].
The photoreceptors in the retina consists of two types of cells: rods and cones.
Rod cells are responsible for poor light vision (scotopic) and are sensitive to very small
amounts of light. However, cone cells are responsible for colour and day-time vision
(photopic) and react to strong light [45,49]. This is because the outer segment of the
rod is longer and holds more photopigment that the cone [49]. In some species, this
layer can form up to 40% of the retinal tissue [50]. Photoreceptor cells, the rod and
cone cells, are responsible for the transformation of light into neural signals [51].
Finally, the retinal pigment epithelium (RPE) is a single layer of pigmented cells
that lies between the outer segments of the retina, which are the photoreceptor cells,
and the Bruch’s membrane [52]. The RPE cells are rich in organelles including lyso-
somes, mitochondria, and pigment granules [48]. The tight junctions and the adherens
connect the RPE cells tightly and play a vital function in the role of RPE cells as blood
and retinal barrier component. RPE is essential for the health, survivability, and the
functioning of the overlying retinal photoreceptor cells due to its highly metabolic cell
nature [53]. Researchers estimate that about 20 photoreceptor cells make contact with
a single RPE cell [54]. Some of the functions of the RPE cells include the transporta-
tion of nutrients, the secretion of growth factors, the absorption of the stray light,
retinol recycling, especially during the visual cycle, and phagocytosis of the debris of
the photoreceptor outer segment (POS) which are shed on a daily basis by the retinal
cone and rod cells [53].
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1.3.1.1 Retinal diseases
The majority of the diseases that affect the functionality of the retina are of the
degenerative type. Retinal degeneration implies that the retina cells die gradually.
Retinitis Pigmentosa (RP) is a typical eye disease that results from the degeneration of
the retina. RP is a form of retinal disease that involves a combined set of other retinal
diseases, some of which may be inherited. RP affects more than 200,000 Americans
and millions of others in the world [55]. RP leads to the death of the rod cells that are
critical for night vision, resulting in a situation where the affected person is blind at
night [51]. The death of the rod cells eventually leads to the loss of the mid-peripheral
field [56].
Figure 1.13: Healthy eye (left) and an eye with retinitis pigmentosa (right) [57]
The retina is also affected by another form of degeneration known as Macular
Degeneration (MD). Due to the contribution of age to MD, it is popularly known as
age-related macular degeneration (AMD) [53]. For people aged more than 50 years,
AMD is the major cause of the loss of sight. With age, acellular polymorphous debris
is centrally deposited between the Bruch’s membrane and the RPE. AMD affects the
macular part of the retina that is located behind the retina and sandwiched between
the RPE and the choroid [58,59]. The photoreceptors densely populate the macula to
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allow it to provide very high-resolution visual acuity so as to permit an individual to
view very minute details and have facial recognition ability [60]. Due to the numerous
functions that the RPE cells play, the macular portion of the retina degrades due to
being subjected to daily stress such as light absorption, phototoxicity, heat stresses,
and other damages from oxidation.
The development of AMD is accelerated by changes in the Bruch’s membrane and
the RPE due to age and toxicity. The earliest signs of the macular degeneration
are evident by the deposition of drusen, an abnormal extracellular material, between
the RPE and the Bruch’s membrane [53]. In advanced stages, AMD is categorized
into two types: Dry AMD and wet AMD, as is shown in Figure 1.14. Dry AMD
is also known as geographic atrophy while wet AMD is referred to as neovascular
AMD. Dry AMD is characterized by the appearance of the progressive atrophy of the
choriocapillaris, the RPE, and the photoreceptors. On the other hand, neovascular
AMD is characterized by the breakage of the choroidal neovascularization up to the
retinal region resulting in the leaking of lipids, fluids, and blood in addition to fibrous
scarring [61].
Figure 1.14: The ocular fundus of (A) a healthy eye illustrating the normal pigmen-
tation and blood vessels, (B) the late-stage of dry AMD showing large regions of
depigmentation, particularly in the macular, and (C) wet AMD, showing leaky blood
from the choroid through the retina [62].
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1.3.1.2 The Bruch’s membrane
The Bruch’s membrane is associated with age-muscle degeneration challenges. It
has been observed that inner and outer collagenous surfaces undergo age-associated
changes [63]. The collagenous membrane is elastic in nature, measuring 2 to 4 mi-
crometers thick and located in between the choroid Bruch membrane, and the retinal
pigment epithelium [64, 65]. The collagenous membrane encompasses five varied lay-
ers. The layers include the inner collagenous zone, the retinal pigment epithelial,
the elastic zone, the outermost basement, and the outer zone of the collagen surface.
The collagen membranes play a significant role because they facilitate the metabolic
function in the eye and between the choroid and retina. The collagen membrane also
plays the role of simplifying the attachment of retinal pigment epithelial. As such,
mapping the mechanical features and the structure of the collagen membrane is a
crucial step for better understanding age-associated muscular degeneration [66].
1.4 Thesis summary
This thesis presents AFM and force spectroscopy measurements on eye tissue. Chapter
2 represents a complete AFM mapping of the eye for two different species. Both
samples show changes in morphology from one spot to another. In the third chapter,
the Young’s modulus was measured along the retinal tissue and compared for dry
and hydrated samples. Chapter 4 concludes all the work in the previous chapters and
outlines numerous suggestions for future work.
The first appendix presents a novel technique called force scanning that was devel-
oped previously to quantitatively measure the stiffness. This simple method is used in
this thesis to determine the stiffness of this complex tissue and supports the Young’s
modulus values. The second appendix presents new data on the choroid, which is a
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layer that lies on one side of the retina. As this tissue is associated with many diseases
that affect the retina, both the topography and mechanical response were measured.
Finally, the third appendix presents two different statistical tests that were used to
test the variation between the dry and hydrated samples.
Chapter 2
Comparative atomic force
microscopy imaging of mouse and
fish eyes
2.1 Motivation
Numerous diseases affect the eye and as people age these diseases may lead to serious
problems including blindness. Examples of diseases affecting people globally are age-
related macular degeneration, diabetic retinopathy, and glaucoma [67, 68]. Most of
these diseases cause structural changes in the eye [44]. Figure 2.1 shows how glaucoma
thickens the optic nerve and the retina. However, light microscopic images taken on
such a large scale do not give sufficient detail to understand the form and function of
the underlying eye tissues. Therefore baseline data of healthy eyes in a small scale is
needed.
Techniques used to map the morphology of biological samples including the eye
are optical coherence tomography, optical microscopy, electron microscopy, and atomic
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Figure 2.1: Light microscopic image of a normal eye (A) and an eye with glaucoma
(B). Presenting retina (R), the choroid (C), the peripapillary sclera (ppS), the lamina
cribros (LC) (outlined in black), the post-laminar tissue of the optic nerve (pLC), and
the vitreous chamber inside of the eye (VH). The scale bar is 0.75 mm [44]
. .
force microscopy. Optical coherence tomography is used to image the eye as it reaches
a resolution of 10 µm [69]. To enhance the standard optical coherence tomography,
high-speed ultrahigh-resolution optical coherence tomography is used to achieve a
resolution of 2 µm [70, 71]. Optical microscopy is another technique used, reaching
a limit of 0.1 µm [72]. Electron microscopy (scanning electron microscopy (SEM)
for instance) has also been utilized in many studies to image a biological sample as
it reaches 5 nm. Despite the high resolution that electron microscopy can provide,
it requires placing the sample in a stable vacuum for imaging [2], and the sample
needs to be coated with conductive materials that can chemically alter it. Therefore,
mechanical properties can not be obtained directly [73].
Atomic force microscopy (AFM), the technique used in this study for imaging bio-
logical samples, is a powerful tool for obtaining high-resolution images as it reaches up
to 0.1 nm lateral resolution and 0.1 nm in the z direction (surface normal). It can also
provide three-dimensional information to explore the baseline structures of biological
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samples [2]. Additional advantages of using AFM for imaging include the ability to
prepare the sample without staining or coating, and to measure the mechanical prop-
erties directly [66]. However, the majority of previous works using AFM have focused
on the cornea [74–76]. These works have used AFM to obtain topography images and
mechanical property measurements [77–79].
My work represents the first and therefore a baseline structure of a cross-section
of a normal eye for two different samples: rainbow smelt and mouse eyes. This works
provides a complete eye mapping on the nanoscale.
2.2 Experiment
2.2.1 Frozen sectioning
Eyes from fully-grown C57.0/B6.0 Mus musculus mouse and fully-grown Osmerus
mordax rainbow smelt acclimatized at a varying temperature (as expounded by Gen-
dron in his paper [80]) were preserved in an Optimal Cutting Temperature compound,
as explained in [80]. The preserved specimens were divided into 7.0 µm thick at central
retinal level, front, and back orientation facilitated by Leica CM1900.0 cryostats. The
frozen specimens were dried in the air overnight before being put under preservation
at –80.0 ◦C. The issues of drying the sample will be discussed in a later chapter in
Section 3.3.2. The pieces were frozen and dried in the air rather than preserved with
fixing agents to facilitate atomic energy microscopy measurements. After bringing
the samples to room temperature, the desired atomic force microscopy trajectories
were marked on the underside of the slides on which the samples were mounted. The
specimens utilized in this work all meet the protocols set by Memorial University’s
Institutional Animal Care Committees and extraction was conducted by or supervised
by Drs. Driedzic, Paradis, and/or Gendron.
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2.2.2 Imaging in air
Atomic force microscopy was utilized for topographic imaging in air. All AFM data
were collected using the MFP 3D instrument (Asylum Research, Santa Barbara,
CA). For all the experiments, silicon cantilevers coated with gold and chromium
having a typical spring constant of 0.1 N/m to 0.3 N/m (purchased from µmasch
(HQ:CSC37/Cr-Au)) were used. The spring constant and resonant frequency of each
individual cantilever were calculated through the thermal calibration method [81]. Ex-
periments were completed under ambient conditions (using a dehumidifier to maintain
the humidity at 30-35%). Images were obtained through contact mode.
To obtain a full mapping of the eye using AFM, eye cross-section samples of
rainbow smelt (Osmerus mordax) and mouse (Mus musculus), which are 5 µm thick,
were taken and imaged. The microstructural mapping was begun from the front of
the eye (the cornea) to the back of the eye (the optic nerve) as indicated in Figure 2.2,
which shows only the rainbow smelt eye. The whole mapping of the rainbow smelt eye
took 27 hours to be completed, and 24 hours for the mouse eye. Each image was 90
× 90 µm in size with a resolution of 256× 256 pixels, moving the stage only 80 µm to
have an overlap between each image. Moreover, as we were imaging a heterogeneous
sample and large area, images were taken at scan rate of 0.5 Hz. All images that are
presented in this work are the original images that were obtained directly by AFM
without any modifications.
2.3 Results and discussion
A cross-section of rainbow smelt Osmerus mordax and Mus musculus mouse eyes
were imaged using a high resolution technique (AFM) in order to obtain full mapping
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Figure 2.2: A cross-section of the whole rainbow smelt (Osmerus mordax) eye showing
the cornea (c), lens (l), neural retina (nr), and rete mirabile (rm). The scale bar for
the image is 400 µm [80]. The arrow indicates the trajectory that we followed for
mapping the whole eye starting from the cornea to the optic nerve.
of the eye. The same image procedure was followed to image both eyes. A set of
images were collected from both samples and each image was 90 × 90 µm. Figure
2.3 illustrates six height images taken from the front, middle and back of the rainbow
smelt eye sample. The images show the complexity of the eye as it can be observed
that some of them – for example, images a, b, and d – consist of multilayer.
The complexity and variability made it difficult to identify some layers when they
were compared to microscopic images. Therefore it should be mentioned that only
an area in the back of the eye, which is shown in Figure 2.4, was definitively assigned
after consulting with Dr. Robert Gendron. This area represents the vascular layer
of the eye in a general term, which are either the blood vessels of the retina or the
choroid as both consist of the blood vessels system. Furthermore, after imaging the
back area multiple times, we concluded that this area specifically represents the blood
vessels of the retina. The depth of the pore was measured through taking the section
across of this particular area, as demonstrated in Figure 2.5, where the height trace
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(bottom figure) correlates to the topographic image above it. The trace shows that
the depth of the pore in the image of the rainbow smelt was about 790 nm.
(a) (b)
(c) (d)
(e) (f)
Figure 2.3: Height topography images of the rainbow smelt eye representing a unique
part of the eye in each image: (a,b) front, (c,d) middle, and (e,f) back of the eye.
They are all 90 × 90 µm with a height scale (indicated by colour) of 4 µm.
The purpose of mapping the eye was to identify the layers by AFM, but as the
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Figure 2.4: Captured image from the AFM camera. The arrow points at the area
(blood vessels) that was distinguishable from the back of the eye.
layers were not distinguishable in the rainbow smelt eye, the mouse eye was mapped.
Figure 2.6 illustrates another six height images of the mouse eye where the main
features of the eye are presented. Based on the images that we obtained, we correlate
them with their function. For example, the cornea is considered to be a fibrous layer,
and image (a) in Figure 2.6 is evidence for that. Also, retinal blood vessels, which
are illustrated in image (e), appear as deep pores similar to retinal blood vessels of
the rainbow smelt eye that is shown earlier in Figure 2.5, presenting the depth of the
pore. Image (e) in Figure 2.3 and image (e) in Figure 2.6 are taken from the same
area, but they do not have to be exactly the same as each of them were taken from
different samples. Thus, the structure of the blood vessels may vary from one sample
to the other, and with species.
To identify the main features in the mouse eye, several techniques were performed.
These techniques include using the optical microscopic image of the whole eye, which
is shown in Figure 2.2, to identify the sample imaging location in both the optical
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(a)
(b)
Figure 2.5: (a) 20 × 20 µm AFM topography image of retinal blood vessels obtained
from the rainbow smelt eye. (b) Cross section profile of the above topographic image
showing the depth of the pore.
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(a) (b)
(c) (d)
(e) (f)
Figure 2.6: Height topography images of mouse eye representing a unique part of
the eye in each image: (a) cornea, (b) iris, (c) lens (d) vitreous humor (e) retinal
blood vessels, and (f) choriocapillaris. Images are 90 × 90 µm with a vertical scale
(indicated by colour) of 4 µm.
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microscope and the AFM, to correlate between those sources of data. However, we
were imaging the eye with a small scale by AFM, with images of 90 µm across and
less, while the optical image is 400 µm across. Therefore it is really hard to compare
such a small scale with a large one.
Another technique was used to identify features of the eye: scratching the sample
with the AFM and staining it later to correlate the position with the optical mi-
croscopy. To do this, various AFM tips with different spring constants were used. We
expected the tissue to be soft enough to be scratched immediately with a stiff tip, but
unfortunately we could not scratch it. By luck, an accidental scratch did occur along
the retina by a glass slide, and those optical microscopic images will be presented in
the next chapter.
Finally, imaging the mouse eye multiple times and correlated features with their
functions appeared to be the best techniques to identify the main structure of the eye.
In this way we could examine the extent of heterogeneity between different images
and identify the characteristic features of each region.
2.4 Conclusion
Having a complete mapping of the eye from the cornea toward the optic nerve leads
to the importance of understanding the eye structure beyond the optical microscope.
This accumulation of AFM images across the whole eye has been achieved for the first
time. Although that these microstructural images of some parts of the eye, obtained
from rainbow smelt, were not identified by correlating them with microscopic images,
this mapping built the investigations of unique studies. One of these studies is the
comparison of cold and warm vascular regions of rainbow smelt, which is the only
area that is identified in the back of the eye. This research was accomplished by a
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(a)
(b)
Figure 2.7: (a) 20 × 20 µm AFM topography image of the retinal blood vessels
obtained from mouse eye, and (b) illustrates the cross section profile of the above
topographic image showing the depth of the pore.
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MSc student in the Merschrod group, Lucas D. Stewart [82], who mapped both the
topography information and mechanical properties of the vascular regions.
The successful finding of identifying most of the microstructural features of the
mouse eye advances the objective of this research, which is mapping the mechanical
properties of retinal tissue. This finding also leads to many questions regarding eye,
which will be discussed in more details in the future works section of the Conclusions
chapter. ’
Chapter 3
Retinal tissue imaging and
mechanical property mapping
3.1 Motivation
As mentioned in the previous chapters, diseases due to the degeneration of the retina
result in the death of the photoreceptor cells (rod and cone) and the retinal ganglion
cells (RGCs) which result in blindness. Loss of sight is treated using gene therapy or
drug therapy. However, in the case of complete loss of the photoreceptor cells, gene or
drug therapy is not effective [33]. As such, an alternative method of treatment such as
tissue replacement is required. Nevertheless, the mechanical properties of the appro-
priate tissue should first be understood in order to use the best biomaterials to design
the tissue [64]. For instance, the understanding of the retina as a highly active tissue
with cells that are mechanically active and very sensitive provides vital information
on retinal physiology and pathology that allows the designing of the appropriate tis-
sue [47]. Based on this, both the morphological and mechanical properties of retinal
tissue were mapped.
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3.2 Experiment
3.2.1 Imaging in air
All topographic images in air of the retina were obtained through contact mode AFM.
Silicon cantilevers coated with gold and chromium were used with a spring constant of
0.1 N/m to 0.3 N/m purchased from µmasch (HQ:CSC37/Cr-Au). The exact spring
constant of the individual tip can be determined by the thermal calibration [81]. The
scan size of each retinal image was 20 × 20 µm with a resolution of 256× 256 pixels
unless otherwise mentioned, and the scan rate was 1.0 Hz, which is the ideal scan
speed for a small region using contact mode.
To map the retinal tissue, microstructural topographies were obtained from the
inner layer (inner limiting membrane) through to the outer layer (retinal pigment
epithelium) of the retina as Figure 1.12 indicates. Three different trajectories were
taken along the retinal tissue in order to identify any artifacts as we were going along
the tissue.
3.2.2 Determination of Young’s modulus in air
Force curves were collected using the same instrument used for the imaging, which is
MFP-3D atomic force microscope (Asylum Research). Also, force maps, which are,
in brief, regular force curves taken at discrete points across a region of interest, were
obtained. A gold–chromium coated AFM tip was used with a spring constant of 0.1
N/m to 0.4 N/m and resonant frequency close to 18 kHz. Initially, a 20 × 20 µm
topographic image was taken of the area of interest with a scan speed of 0.5 Hz.
The sensitivity (invOLS) and the spring constant of each cantilever were deter-
mined for accurate measurements of the Young’s moduli. The sensitivity was mea-
sured as the slope of the force curve obtained from a regular indentation of a hard
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surface such as silicon wafer or mica. The Poisson ratio of the retina has been calcu-
lated in a previous paper to be 0.47 [83].
The apparent Young’s modulus was taken from two different sections: the dry
section and the fresh one. On each sample, 20 random force curves were collected for
each 20 × 20 µm scan size. At these conditions, force curves were taken using the
minimum indentation. Also, force maps of the sample were obtained at a resolution
of 16× 16, and 32× 32 pixels, and each pixel represents a unique force curve. These
force curves and maps were obtained with a velocity of 20 µm/s and trigger point
of 5 nN. The JKR model, for accounting for adhesion force as previously described
in Chapter 1, was used to evaluate retinal tissue elasticity from force-indentation
measurements. To characterize the mechanical properties of retinal tissue, the average
Young’s modulus of the entire tissue was calculated using an automatic procedure
that was created by Garrett McDougall, an undergraduate student in the Merschrod
group. [84] Statistical analysis (a single-factor ANOVA test) was used in order to
determine the significance of differentiation between retinal layers [83].
3.2.3 Imaging under fluid
To image in water, an initial scan of the area of interest was captured using AFM
contact mode or tapping mode as described in Section 3.2.1. If tapping mode was used
to scan the sample surface, tuning the tip in air is an additional step that is required
and all the parameters will be saved for either mode. Experiments were performed
using silicon cantilevers coated with gold-chromium with a spring constant of 0.1 N/m
to 0.3 N/m and resonant frequency close to 18 kHz. The individual spring constant
and resonant frequency of each cantilever calculated through thermal calibration [81].
After obtaining a topographic image in air, a micropipette was used to inject 10-50
µL water between the cantilever tip and sample. The AFM head was raised by 1 to
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2 µm to allow space for the micropipette; otherwise, the tip will be damaged. Both
the tip and sample are immersed in water, thereby a stiff cantilever is not required
as the capillary force is eliminated and contact mode tips also work under liquid
perfectly for tapping mode. The cantilever oscillation was tuned to a frequency of 7-9
kHz, and the drive amplitude was fixed to be around 1 V. The force was adjusted by
minimizing the amplitude set point while the sample surface was scanned. Retuning
of the cantilever tip should be done for tapping mode, which is used to protect the
sample from damage.
Topographic images, 20× 20 µm, with resolution of 256× 256 pixels were obtained
along the retina with a scan speed of 0.5 Hz. The retinal tissue was mapped under
water following the trajectory that is indicated in Figure 1.12.
3.2.4 Determination of Young’s Modulus under fluid
To perform force spectroscopy experiments under water, the same MFP-3D AFM
and coated silicon cantilevers were used. Both the sensitivity (invOLS, which relates
cantilever deflection to photodetector voltage and measured in nm/V) and the spring
constant of the cantilever were acquired through the thermal calibration [81]. A 20 ×
20 µm topographic image of the area was obtained with scan rate of 0.5 Hz.
In order to map the Young’s modulus of the retina, we switched to contact mode
after imaging in water using tapping mode. For each retinal layer, 20 random force-
distance curves, 16 × 16 pixels, and 32 × 32 pixels were recorded. Both force curves
and force maps were performed in fluid with a tip velocity of 20 µm/s and trigger
point of 5-10 nN.
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3.2.5 Histology of the frozen section
To correlate with the atomic force microscopy maps, the specimens were stained in
a histological manner at the completion of atomic force microscopy measurements.
An interval of 20.0 minutes in 4.0% hematoxylin and paraformaldehyde marking was
performed as explained in references 85 and 80. Snaps of the marked histological
specimens were taken using Leica DM4000.0B light microscopes with Q mounted
imaging camera and Open Lab software. All the specimens used met the protocols
set by Memorial University’s Institution of Animal Care Committees and supervised
by Drs. Driedzic, Paradis, and Gendron.
3.3 Result and discussion
3.3.1 Dry tissue images and Young’s modulus measurements
Retinal tissue was mapped using atomic force microscopy in order to obtain high-
resolution images of the topography. Figure 3.1 presents height images of retinal tissue
layers obtained in air by contact mode. As is mentioned in the previous chapter, the
colour scale bar represents the height of the features: the darker the color, the lower
the features and conversely. Retinal layers were mapped from the inner layer to the
outer layer and these layers are identified in Figure 3.1.
In order to determine the mechanical properties of retinal tissue, force maps were
performed along the retinal layers. The force mapping experiments are required to
take individual force curves at discrete points. Therefore, to map the retinal tissue,
force mapping was obtained for each 20 × 20 µm scan and the average Young’s
modulus was determined. The minimal indentation JKR model was used to determine
the Young’s modulus.
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a) b)
c) d)
Figure 3.1: AFM camera capture of the dry tissue (top). Height images of various
layers of the retina starting from the inner to the outer layer (bottom) representing
(a) retinal ganglion cells, (b) bipolar cell,(c) retinal photoreceptors, and (d) retinal
blood vessels.
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Initially, 16 × 16 pixel resolution force maps were acquired for each 20 × 20 µm
scan. The average Young’s modulus for each force map in Figure 3.2 are presented
in Table 3.1. An ANOVA test was done to test the difference between each layer.
However, due to the complexity of the tissue, the differences between layers were not
all statistically significant. Therefore, more data points were then collected.
Table 3.1: Average Young’s modulus was obtained by the minimal indentation JKR
model at a resolution of 16 × 16 pixels of retinal layers and their standard deviations
analyzed.
Young’s modulus (MPa) ± standard
deviation (MPa)
Retinal ganglion cells 11 ± 4
Bipolar cell 10 ± 3
Retinal photoreceptors 07 ± 2
Retinal blood vessels 09 ± 2
Average value 11 ± 3
The retinal tissue consists of sensitive and mechanically active cells as is mentioned
in section 1.3.1 [47]. Therefore, high resolution details about retinal tissue mechanics
will be critical to understand certain features of the retina. Therefore, more discrete
points were obtained in order to see the significance of differences between layers.
Maps with a resolution of 32 × 32 pixels were performed in retinal layers that are
shown in Figure 3.1. The average Young’s modulus of each 20 µm scan is presented
in Table 3.2. The difference between layers was analyzed (ANOVA test), and this test
showed that there are differences between layers.
If both data from Tables 3.1 and 3.2 are compared, the Young’s modulus values
are different as more data points were accounted in a resolution of 32 pixels. However,
the same trend is seen if the values are compared with the area. For example, the
inner layers of the retina appear to be stiffer than the outer layers as their average
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a) b)
c) d)
e) f)
g) h)
Figure 3.2: Height topographic images of dry retinal layers as they are identified
earlier in Figure 3.1 (left), and their corresponding force maps (right).
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Table 3.2: Average Young’s modulus was obtained at a resolution of 32 × 32 pixels of
retinal layers and their standard deviation analyzed by the minimal indentation JKR
model.
Young’s modulus (MPa) ± standard
deviation (MPa)
Retinal ganglion cells 91 ± 15
Bipolar cell 83 ± 13
Retinal photoreceptors 68 ± 12
Retinal blood vessels 56 ± 13
Average value 78 ± 14
Young’s moduli are larger.
Since the retina layers were mapped, the average Young’s modulus value of the
retina was determined. By joining force maps together (through an automatic pro-
cedure that was also created by Garrett McDougall [84], to combine more than two
force maps, the average Young’s modulus of the whole retina was determined to be
78 ± 14 MPa. The average Young’s modulus value of each column from the joined
map was also calculated and plotted with the distance along the retina, starting from
the inner layer toward the outer layer, as shown in Figure 3.3. In fact, the scratched
image in Figure 3.3, taken by optical microscope, is the same sample slide used to
map the mechanical properties of the retina. This scratch feature helped us to make
correlations between AFM results and optical microscope image.
Our analyzed data provide a complete mapping of the mechanical properties of
retinal tissue from the inner to the outer layers. Using atomic force microscopy and
force spectroscopy, we determined the apparent Young’s modulus of the retina to be
78.02 ± 14.32 MPa. The Young’s modulus value was determined at relatively small
scale. However, due to the complexity of the tissue more data are required.
The stiffness of the tissue varies along the retina. Therefore, we made an assump-
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Figure 3.3: An optical microscopic image of a transverse section of the whole retinal
tissue showing the scratch along the tissue (top). The plot displays the average
Young’s modulus value (Pa) as a function of distance along the retina (bottom).
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tion in order to correlate the region that was mapped by the AFM with the optical
microscope. This assumption states that each 20 × 20 µm scan represents a unique
layer in the retina. Although there is some overlap between layers as some of the reti-
nal layers are either less or greater than 20 µm, the aim in this thesis is to measure
the average Young’s modulus of the whole retinal tissue. Thus, this assumption is a
good starting point in this case. We would introduce bias by choosing which section
of the image to average and define as a layer. In the discussion below we present a
means to identify different regions more exactly by joining together adjacent images.
The Young’s modulus of the inner layers was approximately 100 MPa whereas the
Young’s modulus of the outer layers was 50 MPa. Figure 3.3 shows how the Young’s
modulus decreased in moving to the outer layers, which means that the inner layers
tend to be stiffer than the outer layers. Although this difference does not appear
to be large, we can conclude that the inner layers have association with neuronal
functioning. The retinal neuron layers, as mentioned in Section 1.3.1, consist of
neuronal cell types that lead to stiffening of the tissue. Thus, this increases in the
Young’s modulus values of the inner layers are due to the density of the neuronal
cell, including the ganglion cell and bipolar cell. The increase in the Young’s modulus
of the inner layers was assumed to be associated to the neuronal cells functioning as
these layers mostly consist of different neuronal cell types. Therefore, the reduction in
the Young’s modulus of the outer layers can be correlated to the photoreceptors and
the retinal pigment epithelium (RPE) functioning. The outer layers mostly consist of
photoreceptor cells (rods and cones), blood vessels, membrane, and collagenous zone.
This explains the decrease in the Young’s modulus values of that layer.
48
3.3.2 Hydrated tissue images and Young’s modulus measure-
ments
Most previous literature that focuses on studying the mechanical properties of bio-
logical materials using atomic force microscopy reported results for hydrated sam-
ples [86–88]. However, our results in the previous chapter were obtained from dry
samples. Furthermore, measuring the mechanical properties of dry sample is usually
considered to be an issue for biological samples as drying is different than their native
environments. Thus, this may lead to variations on the morphological and mechanical
properties of the sample. In fact, previous studies showed that the Young’s modu-
lus value in aqueous medium is two to three orders of magnitude lower than that
measured at ambient conditions [89–91]. In order to observe this difference, both the
topography and the Young’s modulus of the tissue were mapped under fluid using the
same instrument.
Similar areas were imaged under fluid using tapping mode and these images are
illustrated in Figure 3.4. These images are not exactly from the same spot, but they
are taken from the same area as the previous images. The images are presented here
to show differences between images obtained in air and in fluid. Variation between
images in Figure 3.1 and Figure 3.4 is that features more swollen in fluid more than
in air. This swelling appears through higher features and wider pores.
The Young’s modulus of hydrated tissue was mapped for each 20 × 20 µm scan.
This time, the Hertz model summarized in section 1.2.1.1 was used to determine the
Young’s modulus of the tissue. A different model was used to obtain the Young’s
modulus of hydrated tissue than the model used for the dry one because the tip-
sample adhesion force and the jump to contact, the action of the tip that appear
during the approach phase, are insignificant in fluid. Thus, the minimal indentation
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a) b)
c) d)
Figure 3.4: AFM camera capture of the hydrated tissue (top). Height images of
various layers of the retina starting from the inner to the outer layer (bottom) repre-
senting (a) retinal ganglion cells, (b) bipolar cell,(c) retinal photoreceptors, and (d)
retinal blood vessels.
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JKR model is not suitable to be used for the determination of the Young’s modulus
in fluid, and the Hertz model is used instead.
Force mapping of the retinal tissue was performed following the same trajectory of
the topographic imaging of dry tissue, moving from the inner layer to the outer layer.
For each 20 × 20 µm scan, a force map was obtained at a resolution of 16 × 16 pixels.
The average Young’s moduli of each force map shown in Figure 3.5 are presented in
Table 3.3. A statistical test was performed to test the variations between layers.
Table 3.3: Average Young’s modulus values at a resolution of 16 × 16 pixels of hy-
drated retinal layers and their standard deviation analyzed by the Hertz model.
Young’s modulus (MPa) ± standard
deviation (MPa)
Retinal ganglion cells 5 ± 1
Bipolar cell 4 ± 1
Retinal photoreceptors 2 ± 1
Retinal blood vessels 2 ± 1
Average value 3 ± 1
For the same reason mentioned earlier about the complexity of retinal tissue, more
discrete points are required. When the Young’s modulus values at a resolution of 16 ×
16 pixels are compared for both air and fluid (see Tables 3.1 and 3.3), we can not see
significant differences between the average values. Therefore, a 32 × 32 pixels force
map was performed for each 20 × 20 µm scan. The average Young’s modulus was
calculated and values are presented in Table 3.4. An ANOVA test of the differences
between retinal layers in the hydrated samples with the higher resolution data showed
statistically significant differences.
Averaging the Young’s modulus value of joined force map, the apparent Young’s
modulus of the hydrated tissue was determined and compared with the apparent
Young’s modulus in air in Table 3.5. Additionally, column averaged values were
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a) b)
c) d)
e) f)
g) h)
Figure 3.5: Height topographic images of hydrated retinal layers, are identified in
Figure 3.4 (left), and their corresponding force maps (right).
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Table 3.4: Average Young’s modulus values at a resolution of 32 × 32 pixels of hy-
drated retinal layers and their standard deviation analyzed by the Hertz model.
Young’s modulus (MPa) ± standard
deviation (MPa)
Retinal ganglion cells 0.854 ± 0.179
Bipolar cell 0.909 ± 0.205
Retinal photoreceptors 0.618 ± 0.181
Retinal blood vessels 0.698 ± 0.165
Average value 0.744 ± 0.313
plotted as a function of distance along retinal tissue and presented in Figure 3.6.
Table 3.5: Average Young’s modulus of retinal tissue for both dry and hydrated tissue
and their standard deviation analyzed by the minimal indentation JKR model and
Hertz model respectively.
Young’s modulus (MPa) ± standard
deviation (MPa)
statistical
difference
Dry tissue 78.02 ± 14.32 Yes
Hydrated tissue 0.744 ± 0.313
The results that were obtained from hydrated tissue showed similar result to that
obtained at ambient conditions. The Young’s modulus value decreases as a function
of distance, as seen in Figure 3.6. Although that some region appears to be either
stiffer or softer than that in air, we can not definitely scan the exact regions without
an overlap. However, the Young’s modulus value of the inner layers is still larger
than that of the outer layers. Therefore, the increase in the Young’s modulus means
stiffening of the inner layer while the decrease in the Young’s modulus means softening
of the outer layer.
The average Young’s modulus in aqueous environment was determined to be 0.744
± 0.313 while at ambient conditions it was 78.02 ± 14.32. This is a statistically
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Figure 3.6: An optical microscopic image of a transverse section of retinal tissue
showing the scratch along the tissue (top). The diagram displays the average Young’s
modulus values (Pa) for hydrated tissue as a function of distance along the retina
(bottom).
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significant difference (P = 1.54954×10−77 from the Welch test), and the details of the
statistical analyses are provided in Appendix C. By comparing the apparent Young’s
modulus of the retina in both conditions, we can see that the Young’s modulus value
in fluid decreases by around three orders of magnitude compared with that in air.
This reduction was studied in previous papers which explained the reasons behind
the decrease in the Young’s modulus value. One of these reasons is that water bridges
formed between peptide chains when the collagen fibers is studied [92]. Another
reason can be attributed to the formation of water bridges between lipid molecules in
membranes [93]. Since the retina tissue is mixture of collagen fibers and membranes,
these two reasons can be applied for our case.
3.4 Conclusion
The mechanical properties of retinal tissue were determined using atomic force mi-
croscopy. The apparent Young’s modulus was found to be different from one region to
the other. The differences between each layer of the retina was tested using an ANOVA
test. Although this difference was not sufficient for our purpose as the ANOVA test
does not show significant variations between layers, it still leads to the importance of
measuring the Young’s modulus for smaller scan sizes. The average Young’s modulus
of the retina was determined to be 78.02 ± 14.32 MPa. Our measurements showed
that the inner layers appear to be stiffer than the outer layer. While the variations
between the inner and the outer layers do not tend to be large, we have explained
these differences based on their functions. The increase in the Young’s modulus of
the inner layers can be attributed to the density of neuronal cells. On the other
hand, the reduction in the Young’s modulus of the outer layers can be attributed
to the photoreceptor cells, the retinal pigment epithelium (RPE), and blood vessels
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functions.
The effect of hydration on retinal tissue was also studied by AFM. The apparent
Young’s modulus of the retina was determined to be 0.744± 0.313 MPa, which is lower
than that in air (78.02 ± 14.32 MPa). The average Young’s moduli for both dry and
hydrated sample were statistically different. Hydration effects from previous studies
were found to decrease the Young’s modulus by two to three orders of magnitude
and this what was concluded in this thesis as well. This reduction in the Young’s
modulus in aqueous environment was examined for other types of biological samples
in previous studies and explained by the formation of water bridges [90,92].
Although the Young’s modulus values are different in ambient conditions than
in aqueous environment, the same trend from the inner layers to the outer layers is
seen. The inner layers have a larger Young’s modulus than the outer layers; thus,
the inner layers appear to be stiffer than the outer layers. The differences along the
retinal tissue do not appear large, but we assume that this has implications of cells
functioning.
Chapter 4
Conclusions and future work
4.1 Conclusions
Our data provide an insight into the structure of the eye on the nanoscale using
a powerful tool, Atomic Force Microscopy (AFM), for better understanding of the
structure beyond the optical microscope. This thesis presents the first complete AFM
mapping of the morphology of the rainbow smelt (Osmerus mordax) and mouse (Mus
musculus) eyes. This first step toward mapping the whole eye has led to many in-
teresting questions. Only a few of them are accomplished in this thesis and that of
a collaborator, Lucas D. Stewart, whereas there are more questions to investigate in
future.
This thesis also studied the morphological and mechanical properties of retinal
tissue of mouse Mus musculus) eye using atomic force microscopy. The retina was
mapped from the inner to the outer layer. The average Young’s modulus at ambient
conditions, analyzed by the minimal indentation JKR model, was calculated for each
20 × 20 µm scan. Joining force maps obtained at a resolution of 32 × 32 pixels,
the average Young’s modulus of the retina was determined. Furthermore, through
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averaging each column of the joined maps and plotting the Young’s modulus as a
function of distance along the retina, the complexity of the tissue was seen. The
stiffening of the layers was varied along the retina depending on their functions. There
was an increase on the Young’s modulus of the inner layers and decrease on the
Young’s modulus of the outer layers. While the inner layers contain different neuronal
cell types, the outer layers consist of membrane, blood vessels, and collagenous zone.
This tends to stiffen the inner layers of the retina more than the outer layers. This
finding is under development through collecting more discrete points and scanning in
more detailed scales, as will be mentioned below in the future works section.
The effect of hydration on the retinal tissue was also examined by atomic force
microscopy. The hydration of the retinal tissue showed swelling in the morphology as
some features appear higher, and pores wider. Hydration has also a significant effect
on the Young’s modulus of the retina. The apparent Young’s modulus value decreased
by two orders of magnitude in fluid compared to that under ambient conditions. This
reduction in the Young’s modulus is because of the formation of water bridges within
tissue which lower the Young’s modulus relative to that in air. While the apparent
Young’s modulus is different in air than that in fluid, we still have the same conclusion
from mapping the Young’s modulus of dry tissue. The Young’s modulus of the inner
layers is larger than the Young’s modulus of the outer layers. Thus, inner retina is
stiffer than outer retina.
4.2 Future work
This successful mapping of the morphological eye information and mechanical prop-
erties of retinal layers build the foundation of future research investigations. Thus,
more questions regarding our work are accounted for in order to have a clear results
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and understanding for our finding in this thesis.
Having a complete mapping of the normal eye advances the investigation of the
differences between normal and diseased eyes as the normal eye has not been well
studied at the nanoscale before. Therefore, a complete mapping, starting from the
cornea toward the optic nerve, of diseased eye is an important step for comparing the
morphology of normal eye and diseased one to realize the variation on the same scale.
Before we move to in-depth future works on the mechanical properties of the reti-
nal tissue, extracting the tissue is essential for more accurate results. As the tissue is
extracted, a complete mapping of the mechanical properties are required at a smaller
scale than that we have in this thesis to understand the tissue’s mechanical proper-
ties in more detail. For our current result, we made an assumption that each 20 µm
scan represents a unique layer in the retina, and this was an acceptable assumption
to start with. However, for more accurate results, the thickness of each layer should
be measured by optical microscope and correlated with the AFM measurements. As
mentioned in section 1.3.1.1, most diseases that affect retina are a type of degenera-
tion. It would be important to see the differences in morphological and mechanical
properties between the normal and diseased eye.
Determining the elastic response of retinal tissue leads to the importance of the
determination of viscoelastic effects as well. Up to now, the retinal tissue has been
treated as an elastic tissue that produces an elastic deformation instantly with negli-
gible time delay. In fact, soft tissues like eye tissue show a significant time dependent
deformation. To explore this possibility, the viscosity is considered to be measured
by AFM through creep measurements. Creep measurement is time dependent defor-
mation that shows mechanical response over time. This can be seen when a constant
load is applied and the indenter keeps sinking into the sample until a creep curve is
generated, which is the indentation depth with time [94]. By fitting the creep curve to
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one of three models an access to the viscosity of the material is given. These models
are the standard linear solid, Burgers model, and a two-dashpot Kelvin model [95].
In our case, the Burgers model should be used as it has been found that this model
is used to describe creep behaviour for biomaterials.
Appendix A
Force scanning
A.1 Introduction
Since the 1990s, atomic force microscopy studies have applied force mapping to pro-
vide nanoscale topographical and mechanical details concerning the substrate. Force
mapping encompasses individual force generation curves at discrete points on the ma-
terial, which facilitates height and stiffness values 7.0, 6.0 calculations [96,97]. Such a
workhorse model is straightforward and less complex than force mapping, which makes
the implementation process easy with various atomic force microscopies. However, the
technique is also observed as a slow formula involving less lateral resolutions, which is
not ideal for various biological uses. Therefore, a novel energy-scanning model using
atomic force microscopy is used to capture high resolutions topographical images of
soft biological substances while quantifying their mechanical features [97].
Force scanning is lauded as a straightforward model applicable to various sub-
stances and testing environment, and it does not require modification to standard
atomic force microscopy [97]. The execution of the force scanning model is simple
and widely applicable to any deformable substance, from cartilage to agarose gels
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to living cells. The force-scanning model requires no special equipment, cantilevers,
or standardization to atomic force microscopy technologies. Force scanning viability
depends on the clear contact-mode images. Notably, acquiring contact-mode image
facilitate the production of spatial modulus maps [97]. Figure A.1 explains simply
how the force scanning works where the maximum apply force and number of scans
depend on the material that is tested. For force scanning, multiple contact-mode im-
ages were required in order to obtain the corresponding force-distance curves, which
can provide high-resolution imaging with matched modulus maps [97].
Figure A.1: (a) Force scanning technique requires a multiple contact-mode scans with
increasing set points (applied forces) depending on the material. Each topographical
image corresponds to a force-distance curve, and these force curves (b) were used
to calculate the Young’s modulus at each point. This technique easily provides a
topographical image and its matched stiffness image which is very useful for biological
sample in order to determine the mechanical properties quickly [97].
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A.2 Stack image method
An MFP-3D atomic force microscopy was used for topographic imaging. Experiments
were accomplished using silicon cantilevers coated with gold-chromium (HQ:CSC37/Cr-
Au) with spring constant of 0.1 N/m to 0.3 N/m and resonant frequency near to 18
kHz. The exact spring constant and resonant frequency of the individual cantilevers
were determined using the thermal calibration [81].
Initially, a topographical image was captured though simple contact mode AFM
imaging producing a definite topographical map. Then, the cantilever tip penetrated
into the sample through applying a downward force (until the deflection set point
was reached) in order to obtain a regular force curve. Multiple scans were taken with
increasing set point (starting from 0 V to 1.0 V). Six scans were obtained per sample.
Depending on the sample material, both the maximum force and number of scans may
differ. I used an automated procedure, developed by Ryan Wilkins, an undergraduate
student in the Merschrod Group, to superimpose the six scans and relate the different
forces to the height.
This procedure works by fitting each force-distance curve to the minimal indenta-
tion JKR model, and calculating the Young’s modulus as is shown in Figure A.2. The
value of the Young’s modulus corresponds to the topographical point. The Poisson’s
ratio ν of retinal tissue was assumed to be ν = 0.4 as it is mentioned earlier [83]. The
force-distance curve was collected using the same parameter that was previously used
in order to map the Young’s modulus of the retina. Force curves were obtained by
indenting the AFM tip into the sample at a velocity of 20 µm/s and trigger point of
5 nN.
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Figure A.2: Force curve diagram showing the fitting line of the minimal indentation
JKR model in order to obtain a stiffness map.
A.3 Results and discussion
Force scanning on the mouse eye were obtained along the retina and the choroid, which
provides a fair topographical images with spatially matched stiffness map. Figure A.3
illustrates both the height topographical images and stack images (stiffness map) of
the retinal tissue and the choriocapillaris. From the image stack, the stiffness of the
sample can be measured qualitatively as the color bar shows in Figure A.3. These
stiffness maps show the complexity of the retina and the choroid as both tissues
consists of multilayer. Therefore, this technique is very useful for biological tissue as
it measures quickly the mechanical properties.
Comparing the overall results from the force mapping and force scanning, we can
see that both methods lead to similar results. Force scanning determines the stiffness
quantitatively whereas the force mapping determines the stiffness of the sample quali-
tatively. Therefore, initial knowledge about the sample can be obtained by performing
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a quick force scanning method.
a) d)
b) e)
c) f)
Figure A.3: The topographical height images of ganglion cells, photoreceptor cells,
and the choroid are illustrated in a, b, and c respectively, and their corresponding
stiffness maps d, e, and f, which was obtained from the force scanning technique. The
color bar indicates the stiff area (red), and the softer area (purple)
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A.4 Conclusion
Force scanning is useful technique for evaluating the mechanical properties of any
sample that can be imaged by AFM. This novel method can rapidly provide a to-
pographic image of the area of studies and matched stiffness map. Force scanning
method is also applicable for soft and stiff samples that are imaged be AFM in air
or fluid. When both force mapping and force scanning are compared, force scanning
has the advantage of higher resolution in shorter time. All these advantages that
are mentioned above lead to the importance to develop this method for the use of
assessing other mechanical properties, including adhesion force [97], viscoelasticity.
Appendix B
Choroid
B.1 Motivation
The choroid is the eye vascular tissue that lies between the sclera and the Bruch’s
membrane as shown in the Figure 1.11 [44]. More than 70% of the blood flow to the
eye goes to the choroid [98]. It has five layers starting from the one that in contact
with the retina, which is Bruch’s membrane, three vascular layers and suprachoroidea
[99]. The tissue is very important in the eye because it is associated with choroidal
inflammation and common retinochoroidal diseases including diabetic retinopathy, as
well as age-related muscular degeneration [100]. Such sensitivity of the tissue implies
that mapping of the tissue is an important step when addressing retinal diseases
because the choroid attaches to the retina through the Bruch’s membrane. As such,
the high-resolution imaging and force mapping were obtained during the project.
B.2 Experiment
The topography of the choroid was obtained in air and under water through contact
and tapping mode AFM imaging respectively, using MFP-3D atomic force microscopy.
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Silicon cantilevers coated with gold-chromium (HQ:CSC37/Cr-Au) with spring con-
stant of 0.3 N/m were used. Both the individual spring constant and the resonant
frequency were determined by the thermal calibration method [81]. A 20 × 20 µm
down to 5 × 5 µm topographic images with resolution of 256 × 256 pixels of the
choroid were obtained with a scan rate of 1.0 Hz.
The Young’s modulus was also calculated for both dry and hydrated tissue follow-
ing the same procedure that was used to calculate the Young’s modulus of the retina
in both conditions.
B.3 Results and discussion
Both the topography and the mechanical properties of the choroid were mapped by
AFM and force spectroscopy respectively in both dry and hydrated conditions. The
topographic images in air and under fluid, presented in Figure B.1, show similar
feature of the choroid; however, the height of the feature might vary. Figure B.2
presents a higher resolution image of the choroid, which shows clearly the structure
of the choriocapillaris.
a) b)
Figure B.1: (a) 20 × 20 µm choroid height images taken from dry tissue by contact
mode AFM while image (b) taken from hydrated tissue by tapping mode.
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a) b)
Figure B.2: Zoom 10 × 10 µm (left) and 5 × 5 µm (right) image of the choriocapillaris
of the choroid taken from dry sample through contact mode.
To determine the mechanical properties of the choroid, force mapping was ob-
tained through force spectroscopy measurements. A 32 × 32 pixels force mapping
was accomplished on 20 × 20 µm of the choroid. The Average Young’s modulus
of the choroid in dry and hydrated conditions is exhibited in table B.1. The Hertz
model was used to determine the Young’s modulus of the hydrated tissue while the
JKR model was used to determine the Young’s modulus of the dry tissue. The reasons
for using two different models for analysing the force maps is that in fluid there is no
jump to contact and no tip-sample adhesion force, as is indicated in Chapter 3.
The Young’s modulus values of dry and hydrated choroid are shown in table B.1
resulted from force mapping plots in Figure B.3. A Welch test showed that the
difference between the Young’s moduli obtained from dry and hydrated samples is
statistically significant (P = 9.0043× 10−32). This difference in the Young’s modulus
values is due to the effect of forming a water bridges, which tend to reduce the Young’s
modulus value.
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Table B.1: Average Young’s modulus of dry and hydrated choroid tissue and their
stander deviation analyzed by the minimal indentation JKR model (a) and Hertz
model (b) respectively.
Young’s modulus (MPa) ± standard
deviation (MPa)
statistical
difference
Dry tissue 29.28 ± 5.342 Yes
Hydrated tissue 0.546 ± 0.125
a) b)
Figure B.3: 32 × 32 pixels force maps of the choroid (a) dry tissue and (b) hydrated
tissue.
By comparing table 3.5 and B.1, the average Young’s modulus of the retina is
higher than the average Young’s modulus of the choroid. Statistically, the difference
between the retina and the choroid was determined, proving that the retina is stiffer
than the choroid. The reason behind this difference is not clear yet, but it can be
explained based on their structures and functions in the eye. The retina is a very
complex tissue and consists of intricately cells, extracellular matrix, blood vessels
while the choroid consist mostly of blood vessels and collagen matrix. Besides that,
the retina is located at the centre of the eye and exposed to daily stress, which proves
the stiffening of the retina.
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B.4 Conclusion
As the choroid is associated with many retinal diseases, it is important to map its
mechanical properties. Therefore, the morphology and the Young’s modulus of the
choroid were mapped. Also, we study the effect of hydration on the tissue, which
showed statistically significant difference between dry and hydrated tissue. We also
demonstrate that the choroid is considerably softer than the retina. This finding can
be explained by the different in their structures and functions in the eye.
Appendix C
Sample Statistical Test Output
Below I provide a sample data set and sample output from statistical analyses. One
can perform either a Welch test or a single-factor ANOVA test when comparing just
two data sets, but the output from both statistical measures are provided here as an
example.
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C.1 Young’s moduli for dry and hydrated samples
of retina
Table C.1: Young’s moduli of dry and hydrated retina samples
Young’s modulus of
dry sample (Pa)
Young’s modulus of
hydrated sample (Pa)
1 1.06×1008 9.42×1005
2 8.93×1007 9.10×1005
3 7.60×1007 8.73×1005
4 9.47×1007 8.66×1005
5 9.26×1007 7.93×1005
6 9.15×1007 7.34×1005
7 1.10×1008 8.45×1005
8 1.01×1008 8.69×1005
9 7.10×1007 9.32×1005
10 8.45×1007 8.30×1005
11 7.70×1007 8.04×1005
12 8.36×1007 7.90×1005
13 8.00×1007 7.77×1005
14 8.88×1007 8.60×1005
15 9.14×1007 8.78×1005
16 7.00×1007 7.44×1005
17 6.94×1007 5.90×1005
18 7.30×1007 6.32×1005
19 6.80×1007 6.44×1005
20 6.64×1007 5.82×1005
21 6.91×1007 6.01×1005
22 7.02×1007 6.78×1005
23 6.50×1007 6.24×1005
24 6.98×1007 5.94×1005
25 7.05×1007 5.77×1005
26 7.24×1007 6.33×1005
27 7.93×1007 6.74×1005
28 7.35×1007 6.66×1005
29 7.50×1007 6.90×1005
30 7.79×1007 7.01×1005
31 8.07×1007 7.32×1005
32 7.83×1007 7.40×1005
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C.2 ANOVA test for dry and hydrated samples
For statistical significance between populations, F > Fc and P < α, which we set as
0.05 (95% confidence). Therefore the two data sets from Table C.1 are statistically
distinct, as seen by the parameters given in Table C.2.
Table C.2: Results from the single factor ANOVA test. DF is degrees of freedom; SS
is the sum of squares, MS is the mean square, F is the ratio of variances, Fc is the
critical F value for the F-test, and P is the calculated probability.
DF SS MS F Fc P
Groups 1 1.00973×1017 1.00973×1017
Error 62 4.31426×1015 6.95848×1013
Total 63 1.05287×1017 1.67122×1015 1451.07 3.99589 0
C.3 Welch test for dry and hydrated samples
The Welch test is similar to the Student’s t-test and does not require the compared
data sets to be of the same size or have the same variance. As with the single factor
ANOVA test described above, statistical significance is shown by Fp > Fpc and P <
α. As seen in Table C.3, Fp >> Fpc and P << α (α is 0.05, i.e., 95% confidence),
and therefore these two data sets are demonstrably distinct.
Table C.3: Results from the Welch test. N1 and N2 are the degrees of freedom, Fp is
the Welch statistic (analogous to the F value in the ANOVA test), Fpc is the critical
value for Fp, and P is the calculated probability.
N1 1
N2 31
Fp 45.346
Fpc 4.15962
P 1.54954e-77
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